The Antirrhinum species group comprises approximately 20 morphologically diverse members that are able to form fertile hybrids. It includes the cultivated snapdragon Antirrhinum majus, which has been used as a model for biochemical and developmental genetics for more than 75 years. The research infrastructure for A. majus, together with the interfertility of the species group, allows Antirrhinum to be used to examine the genetic basis for plant diversity.
widely in morphology and ecology and are adapted to different-often extreme-habitats. However, all are able to form fertile hybrids with one another and with A. majus, allowing the identification of genes that underlie their differences (see, e.g., Langlade et al. 2005) . Population genetic studies that have been applied to Antirrhinum species show different population sizes, geographic distributions, and breeding systems, from self-fertility to obligate out-crossing (see, e.g., Jiménez et al. 2002; Mateu-Andres and de Paco 2006) .
SOURCES AND HUSBANDRY
Seeds from a large collection of A. majus mutants, their wild-type progenitors (Fig. 1b) , and a limited number of other Antirrhinum species can be obtained from the Leibniz Institute of Plant Genetics and Crop Plant Research (IPK) in Gatersleben, Germany (http://gbis.ipk-gatersleben.de). Protocols for Antirrhinum husbandry can be found in most gardening books, and the necessary materials are readily available. Although tolerant of both frost and high temperatures, Antirrhinum species grow best at daytime temperatures of 17-25°C. In temperate regions, they are usually treated as half-hardy annuals and are transferred from a glasshouse to the open in the spring or are grown entirely in a glasshouse. All species grow well from seeds, most flowering within 3-4 months of sowing, and are readily propagated clonally from cuttings. Detailed methods for Antirrhinum culture and propagation are provided in Protocols 1 and 2.
RELATIVES OF A. MAJUS
Antirrhinum is a member of the asterid clade of flowering plants. The more commonly used model species Arabidopsis is a member of the second major clade of broad-leaved plants-the rosidsfrom which asterids diverged an estimated 120 million years ago. Within the asterids, Antirrhinum belongs to the order Lamiales, a close relative of the order Solanales, which includes other model species such as petunia and tomato. Antirrhinum was recently placed in the family Plantaginaceae (synonymous with Veronicaceae) following a revision of the classical family Scrophulariaceae based on DNA sequence variation (Olmstead et al. 2001 ). Other aspects of Antirrhinum taxonomy remain controversial. The generic epithet Antirrhinum is now usually reserved for the monophyletic group of Old World perennials with a diploid chromosome number of 16. However, it is still applied to a broader monophyletic group that includes species with different chromosome numbers, such as the New World Sairocarpus and the annual Misopates, with which Antirrhinum species are unable to form fertile hybrids (see, e.g., Oyama and Baum 2004) . Within Antirrhinum sensu stricto, a variable number of different species have been proposed and relationships between taxa are currently unresolved. These taxonomic problems largely reflect the young age of the genus (<5 million years; Gübitz et al. 2003 ) and the effects of hybridization (see, e.g., Whibley et al. 2006) ; thus, attempts to reconstruct phylogenies based on nuclear or chloroplast DNA sequence variation have so far been unsuccessful (see, e.g., Jiménez et al. 2005) . In the absence of a taxonomic revision based on a resolved phylogeny, the descriptions of approximately 20 species and their likely hybrids in Flora Europaea (Webb 1972 ) provide a realistic working guide.
The genus has traditionally been divided into three subsections or morphological groups (Rothmaler 1956 ) that have received support from studies of isozyme and DNA variation. The subsection Antirrhinum includes the close relatives of A. majus and consists of species with similar upright growth, large organs, and pink or yellow flowers (Fig. 2a) . These tend to be geographically widespread and grow in a variety of habitats. A. majus was probably domesticated in northeastern Spain or southwestern France from A. pseudomajus (also known as A. majus subspecies pseudomajus), from which it differs by having more darkly pigmented flowers, although traits such as flower color variation might have been introduced by introgression from other species. Members of subsection Kickxiella, in contrast, are usually restricted to rock faces and walls. They are also smaller, typically prostrate in habit, and have small white or pale pink flowers (Fig. 2b) . They are geographically more restricted and many are endemic to particular mountain regions. The two members of subsection Streptosepalum are pale-or yellow-flowered, of upright habit, and grow in hedges and rocky outcrops in northern Spain and Portugal (Fig. 2c) . Distribution maps for all Antirrhinum species were produced by Rothmaler (1956) and can also be found in Stubbe (1966) .
USES OF THE A. MAJUS MODEL SYSTEM Biochemistry
Two aspects of Antirrhinum biochemistry relevant to their attraction of pollinating bees have been studied in detail. First, genes encoding the enzymes involved in the production of floral scentsphenylpropanoids and isoprenoids-have been identified from A. majus and used to study the regulation of scent production and the effects of variation in scent composition on pollinator attraction (see, e.g., Wright et al. 2005) . Second, the basis for flower color variation in Antirrhinum has a long history of study, including the pioneering biochemical genetics of Muriel Wheldale in the early 20th century. Structural genes encoding most enzymes involved in the biosynthesis of magenta anthocyanins and the structurally related yellow aurones have been identified and isolated through a combination of genetics and biochemistry. Several regulatory genes encoding MYB or basic helix-loop-helix (bHLH) transcription factors are known to affect the intensity or pattern of pigmentation (Schwinn et al. 2006) . In parallel, many of the genes underlying natural variation in Antirrhinum flower pigmentation were mapped or shown to be allelic to loci identified from mutations in A. majus. Three of the loci involved in natural variation have been isolated: Two encode the MYB transcription factors ROSEA and VENOSA and the third is the structural gene INCOLORATA. Two additional genes-SULFUREA (SULF), which controls aurone pigmentation, and ELUTA (EL), which is responsible for variation in the pigment pattern within the flower-have been mapped but not yet isolated. Flower color variation in Antirrhinum has been shown to affect pollinator behavior, and selection at loci including SULF and EL is likely to maintain the distinction between yellow-flowered A. striatum and magenta-flowered A. pseudomajus in the face of hybridization (Whibley et al. 2006 ).
Development
The use of A. majus in parallel with other species, notably Arabidopsis, has lead to an understanding of how the identity of flowers and floral organs is specified (for recent review, see Davies et al. 2006) . These processes are broadly conserved between the asterid Antirrhinum and the rosid Arabidopsis, which have similar inflorescence and floral structures (see Fig. 1c,d for the structure of the Antirrhinum flower). Both species, for example, contributed to the "ABC" model of floral organ specification, in which the combination of genes expressed in each of the whorls determines the identity of the floral organs (A genes specify sepals, A + B genes specify petals, B + C genes specify stamens, and C genes specify the carpel). However, the comparative use of A. majus further revealed subtle evolutionary differences in the way that the development of similar flowers can be regulated. Antirrhinum and Arabidopsis, for instance, use different genes to exclude the expression of C genes from the outermost parts of the developing flower-a role originally attributed to A-function genes-leading to a reevaluation of the A-function genes in both species (Keck et al. 2003; Davies et al. 2006) . Similarly, the ancestral C function appears to have been transferred to different duplicated genes after the divergence of Antirrhinum from Arabidopsis (Causier et al. 2005) .
One notable aspect of the Antirrhinum flower that differs from Arabidopsis is its marked dorsoventral asymmetry (zygomorphy). Zygomorphy, considered to have coevolved with insect pollination, is apparent in the different morphologies of the dorsal, lateral, and ventral petals of Antirrhinum (Fig. 1d) and in stamen development. The dorsal and lateral petals are specified by the paralogous TCP transcription factor genes CYCLOIDEA (CYC) and DICHOTOMA (DICH), which act partly by activating dorsal expression of RADIALIS (RAD). RAD is a protein with a single MYB transcription factor repeat that is thought to compete with the two-repeat MYB protein encoded by the DIVARICATA (DIV) gene to antagonize its ventralizing effect (for review, see Almeida and Galego 2005) . CYC-like genes have also been implicated in the evolution of floral asymmetry in other lineages. For example, ectopic CYC expression has been proposed to account for the evolution of the derived radially symmetrical flower of Mohavea, which is within the tribe Antirrhineae (Hileman et al. 2003) . CYC-like genes are expressed asymmetrically in both rosids and asterids, including species that have radially symmetrical flowers (for review, see Cubas 2004) . This indicates that ancestral, asymmetrically expressed CYC-like genes might have been recruited independently to produce zygomorphic flowers in different flowering plant lineages, a view recently supported by the effects of cyc-like mutants in the asterid legume Lotus (Feng et al. 2006) .
Aided by a large collection of leaf-shape mutants, A. majus has also been useful in studies of leaf development. These studies have included the identification of genes involved in specifying leaf identity and promoting leaf growth (see, e.g., Golz et al. 2004 ) and in coordinating growth in the leaf blade to ensure the development of a flat organ (see, e.g., Nath et al. 2003) .
Ecology and Population Genetics
Antirrhinum species have been the subject of population genetic studies, including those aimed at assessing genetic diversity in order to inform conservation strategies for rare endemic species (see, e.g., Mateu-Andres 2004). As with other taxa, genetic diversity has generally been found to be lower in smaller populations, and the distribution of genetic variants within and between populations has been correlated with their level of self-incompatibility. In addition, several genetically well-characterized aspects of Antirrhinum development and physiology are relevant to their reproductive ecology, including petal cell morphology, genetic self-incompatibility, flower color, and scent production.
Whereas cultivated A. majus and some wild species (e.g., A. valentinum, A. subbaeticum, and A. siculum) are self-fertile, the majority of Antirrhinum species show gametophytic self-incompatibility that is determined by a single, complex S locus. Individuals of self-incompatible species reject pollen carrying an S allele that corresponds to one of their own alleles and are therefore obligate outbreeders. Through studies of relatives in the family Solanaceae, rejection of pollen was known to involve an S-encoded RNase that was expressed in the pistil (McClure et al. 1989) , although the pollenexpressed component had remained elusive. Mapping and sequence analysis of the active S locus of A. hispanicum, followed by expression and functional studies, identified the likely pollen component to be an F-box protein involved in targeting the RNase for degradation (Lai et al. 2002) .
Cells of the petal epidermis of Antirrhinum, like those of many flowering plants, have a conical shape that is dependent on activity of the MYB transcription factor encoded by MIXTA. These conical cells intensify flower color by reducing reflection, as revealed by MIXTA mutants with flat epidermal cells, and are important in attracting pollinating bees (Noda et al. 1994) . In addition to having a role in the reproductive ecology of Antirrhinum, the misexpression of MIXTA or related genes can give rise to the formation of epidermal hairs (trichomes), indicating a common regulation of these two cell types and a role for other MIXTA-like genes in regulating multicellular trichome development in Antirrhinum. This latter function of MIXTA-like genes does not appear to be conserved in Arabidopsis, which has unicellular trichomes (for review, see Serna and Martin 2006) .
GENETICS, GENOMICS, AND ASSOCIATED RESOURCES
A. majus is amenable to classical genetics. It has a relatively short generation time of about 4 months, is diploid (2n = 16), and is easily self-and cross-pollinated (see Protocol 2). A collection of classical mutants and corresponding wild-type lines originating from the work of Erwin Baur, Hans Stubbe, and their colleagues is maintained at the IPK. The phenotypes of most of the mutants in this collection have been described by Stubbe (1966) and catalogued by Hammer et al. (1990) . Additional mutants and wild-type lines, generated at the John Innes Centre, are described at http://www.jic.ac.uk/STAFF/enrico-coen/Rosemary/start.htm.
A molecular recombination map, currently comprising more than 250 loci with an average distance between loci of approximately 2 cM, has been produced for Antirrhinum using hybrids between A. majus and wild species, and the map is maintained at http://www.antirrhinum.net. It has been aligned with a map of classical mutants and with the eight Antirrhinum chromosomes using fluorescence in situ hybridization (FISH; Zhang et al. 2005) . Maps constructed using hybrids between different Antirrhinum species are largely colinear, suggesting an absence of extensive chromosomal rearrangements, although distorted transmission of some genomic regions in interspecies hybrids can hinder genetic mapping (Schwarz-Sommer et al. 2003) . Recombinant inbred lines (RILs) and near-isogenic lines (NILs) have been produced from hybrids between different Antirrhinum species, allowing those genes that underlie differences between species to be identified.
Native Antirrhinum transposons have provided the basis for a number of genetic resources. Most spontaneous mutations in A. majus have been found to carry transposons belonging to one of two families: the Tam3 family, which is similar to Ac in maize, and the CACTA family, which is homologous to Spm/En in maize. Mutagenic retroposons and miniature inverted repeat transposable elements (MITEs) have also been found. Transposition of the CACTA and Tam3 families occurs by excision from the donor site and reintegration elsewhere in the genome and is promoted by low temperature. A number of A. majus lines were selected for high transposon activity based on flower variegation and have been used for forward genetic screens and for inactivating known genes to study their functions (see, e.g., Keck et al. 2003) .
Transposon excision from pigment genes, which can be controlled with temperature, has been used to mark cells for fate and growth analysis (e.g., Rolland-Lagan et al. 2003) , and excision from developmental genes has been used to examine the cell autonomy of gene action (see, e.g., Golz et al. 2004) . In many cases, it has been possible to establish stable periclinal chimeras in which layers of the shoot apical meristem comprise genetically different cells as the result of transposon excision (see, e.g., Carpenter and Coen 1995) . Such chimeras can be maintained by vegetative propagation through cuttings.
Although stable transgenic Antirrhinum can be produced using Agrobacterium tumefaciens (Cui et al. 2003) , transformation efficiency is low. Particle bombardment and Agrobacterium infiltration of developing petals have been used successfully to obtain transient expression of pigment genes and suppression by RNA interference (RNAi; Schwinn et al. 2006; Shang et al. 2007) .
Bacterial artificial chromosome (BAC) libraries have been produced from A. majus (Causier et al. 2005) and from an A. majus x A. hispanicum hybrid (Lai et al. 2002) . Although the genome size of A. majus has been estimated at 430 Mb (Bennett and Leitch 1995) , the recovery of clones from genomic libraries indicates that it might be at least twofold larger; therefore, the depth of coverage of existing BAC libraries is uncertain. Currently, only short BAC contigs have been assembled to allow positional cloning in specific target regions (Cartolano et al. 2007) . FISH has been used to locate BAC clones on Antirrhinum chromosomes (Zhang et al. 2005; Yang et al. 2007 ). An expressed sequence tag (EST) collection of approximately 12,000 unigenes from A. majus is available for searching at http://www.antirrhinum.net. Other DNA libraries include cDNA clones in yeast one-hybrid and two-hybrid vectors (see, e.g., Egea-Cortines et al. 1999) .
TECHNICAL APPROACHES
Antirrhinum species are amenable to molecular genetic techniques. Most protocols that have been developed for Arabidopsis, including those for nucleic acid, protein, and organelle purification and for detection of RNA and proteins in situ, can be applied directly to Antirrhinum. Here, we present protocols for cultivating (Protocol 1) and propagating (Protocol 2) Antirrhinum plants.
Cultivating Antirrhinum
In this protocol, we describe methods for cultivating Antirrhinum species. These plants are easily grown, provided that they have sufficient light and are not overwatered. In good conditions, most species will flower and produce seeds within 3-4 months. Strongly growing plants should suffer from few pests or diseases, but we also prescribe methods for handling microbes and insects that commonly damage Antirrhinum.
MATERIALS
The recipe for the item marked with <R> is on page 117. 
Problem (Step 10):
Plants are infected with other fungal and oomycete diseases (mildews, Botrytis, and rust). (Mildews are apparent as grey or white powdery growths on leaves; Botrytis causes rapid localized death of shoots, leaves, and flowers, with dead tissues appearing dry and pale brown. Rust is first apparent on stems and on the undersides of leaves as lighter green circles that subsequently erupt into brown, spore-bearing pustules.) Solution: Spray the shoots with suspended sulphur or other proprietary fungicide, using manufacturer recommendations. Remove dead and/or badly infected tissues.
Shoots and flower buds show small lesions of dead tissue, and pollen is missing from anthers. Solution: Plants may be infested with the western flower thrip Frankliniella occidentalis. Adult thrips are small (~1 mm long) buff-colored insects that crawl rapidly. They can usually be seen within newly opened flowers. Even strongly growing Antirrhinum are susceptible to infestation. This insect is both difficult to exclude from glasshouses and to treat with chemical insecticides, although biological control by the predatory mite Neoseiulus (formerly Amblyseius) cucumeris can keep infestation to a manageable level. The mite is available from biological control specialists.
This protocol describes general strategies for propagating Antirrhinum species: self-and cross-pollination, cuttings, and grafting. A. majus cultivars and some wild species are self-fertile, but they require self-pollination for high seed yields. Although self-fertile, A. majus shows unilateral incompatibility and can only be crossed to other self-incompatible species as the female parent. All Antirrhinum species can be propagated clonally from cuttings. Antirrhinum also readily forms grafts within and between species.
MATERIALS
The recipe for the item marked with <R> is on page 117. Self-and Cross-pollination 1. Collect pollen from newly dehisced anthers by scraping the pollen from the anthers with forceps or a toothpick. For self-pollination, proceed to Step 2; for cross-pollination, proceed to
Step 3. 3. For cross-pollination, proceed as follows:
i. Emasculate a flower by removing the anthers from an unopened bud. Fold back the flower petals of the bud using forceps to expose the stamens. Remove the stamens by pulling the anther filaments away with forceps. ii. Using forceps or a toothpick, transfer pollen (Step 1) to the stigma of the emasculated flower (Step 3.i). Between pollinations, remove pollen from the forceps with 70% ethanol. Discard used toothpicks or autoclave for reuse.
iii. Label the crosses with jewelry tags looped around the peduncle.
4.
Cover the inflorescences with mesh or glassine paper bags to prevent contamination with pollen from visiting bees.
Alternatively, exclude pollinating bees from the glasshouse or remove the lower three flower petals to prevent their use as a landing platform by bees.
5. Between 2 and 5 days after pollination, monitor the plants for abscission of the flower petals and stamens, which indicates that fertilization was successful. Remove any unfertilized flowers by cutting the peduncle close to the stem to prevent Botrytis infection of the inflorescence.
6. Once the pores in the fruit have dehisced (3-5 weeks after pollination), collect the seeds by shaking them out of the detached fruit. Cuttings 7. Cut a vegetative shoot 20-50 mm in length immediately below a leaf node. Cut off the leaves from the bottom two thirds of the shoot.
8. Dip the cut end in an auxin-based rooting compound and then insert it into compost or washed sand.
9. Grow the cutting at 17-20°C. Maintain high (~100%) humidity with a clear plastic cover or a mist propagation unit.
10.
When new shoot growth is apparent (after 2-3 weeks), transplant to a larger pot of compost (see Protocol 1).
Grafts

Grafts of Young Plants
11. Graft young stems of similar diameter. Make slanting cuts in stock (recipient) and scion (donor) with a scalpel or razor blade. Cut off any large leaves from the scion to reduce water loss.
12.
Hold the stock and scion together by binding them with lab film or by inserting them into opposite ends of a short length of transparent silicone rubber tubing.
13. Once the scion resumes growth, indicating a successful graft union, carefully cut away the lab film or tubing with a scalpel.
Grafts to Woody Stock
14. To graft to a large woody stock, make a T-shaped cut in the surface of the stem and ease back the soft green tissue with a scalpel blade.
15. Remove a vegetative axillary bud from the donor plant, together with a short length of leaf petiole, by cutting vertically through the soft stem tissue behind the bud.
Insert the donor bud (
Step 15), in the correct orientation, into the T-shaped cut (in the stem from Step 14). Bind around the bud with lab film.
17. After 2-3 weeks, remove the film and cut the stock above the graft to promote bud growth. 
ABSTRACT
Sea lampreys (Petromyzon marinus) are cyclostomes, the most basal extant group of vertebrates, and are thought to have existed largely unchanged for more than 500 million years. They are aquatic, eel-shaped animals that spend a major part of their life as filterfeeding larvae called ammocoetes, inhabiting many freshwater bodies in the northern hemisphere. After metamorphosis, sea lampreys migrate to the ocean (or to the Great Lakes), where they feed on the blood and bodily fluids of salmonid fish and ultimately return to freshwater streams and rivers to spawn and die. The unique evolutionary position of lampreys and the relative ease of obtaining mature adults and embryos make this animal an ideal model for investigations into early vertebrate evolution. Studies of features shared between lampreys and jawed vertebrates, but distinct from those in nonvertebrate chordates, have informed on the origin and evolution of hallmark vertebrate characteristics such as the neural crest, ectodermal placodes, and jaw. In addition, studies of features that are unique to lampreys (e.g., the variable lymphocyte receptor [VLR]-mediated immune system) provide insights into mechanisms of parallel evolution (e.g., the adaptive immune system). With the establishment of techniques for the extended maintenance and spawning of lampreys in the laboratory, the sequencing of the lamprey genome, and the adaptation and optimization of many established molecular biology and histochemistry techniques for use in this species, P. marinus is poised to become an evolutionary developmental model of choice.
BACKGROUND INFORMATION
Petromyzon marinus (commonly known as sea lamprey but sometimes called lake lamprey or lamprey eel) is an aquatic animal with an elongated snake-like body reaching, on average, 45-60 cm in length and weighing up to 900 g. Adults are mottled brown in color with a lighter ventral side that becomes yellow during the breeding season. Lamprey eggs are laid in freshwater streams during the summer, and after spawning, the adults usually die. The embryos hatch after about 2 weeks, and the larvae (called ammocoetes) spend the first 7-9 years of their life burrowed in mud in freshwater streams, filter-feeding on small mudinhabiting organisms. After this period of time, ammocoetes undergo an extensive metamorphosis, during which they develop suctorial discs, eyes, and dorsal fins, and they migrate into the ocean, where they spend the next 18-24 months feeding on fish blood. When lampreys reach their full adult size, they become sexually mature, stop feeding, and, like other anadromous fish, migrate back to the streams and rivers where they hatched to repeat the cycle of reproduction and death (Hardisty and Potter 1971b; Hardisty 1979) .
Sea lampreys are generally marine, inhabiting the Atlantic Ocean and migrating into freshwater rivers and streams of Europe and the United States Atlantic coast to reproduce. The U.S. also has two landlocked populations of sea lampreys, one in the Great Lakes and the other in Lake Champlain. These populations originated in 1835 when lampreys were inadvertently introduced into Lake Ontario. It is quite possible that they migrated by attaching themselves to the hulls of ships going through the canal systems of Lake Erie or the St. Lawrence River. By 1946, sea lampreys had spread throughout the Great Lakes and the freshwater streams of the Great Lakes region. Because these landlocked lampreys have not been able to enter the ocean to feed on marine fish, they have become parasitic, preying on freshwater fish and causing considerable damage to the ecosystem, which has necessitated government-controlled measures. Freshwater lampreys inhabiting the Great Lakes are distinct from Atlantic lampreys in size and color, with the former being smaller and more brown and yellow in color and the latter much larger and silvery in color.
SOURCES AND HUSBANDRY
Each year, from late April through mid-July, adult sea lampreys are collected from tributaries of Lake Huron and Lake Michigan by the U.S. Fish and Wildlife Service Marquette Biological Station (Marquette, Michigan). The maturing adults, migrating upstream, are trapped, and spawning adults are removed directly from their nests. After collection, the animals are transported to laboratories at the U.S. Geological Survey Hammond Bay Biological Station (Millersburg, Michigan). Adult prespermiating males and preovulating females are then shipped to our laboratory where they are kept in a custom-made lamprey aquatic housing system (Aquaneering).
This housing system features four durable, insulated, polypropylene tanks, each with an individual tank valve for precisely metering the water flow rates. The system also features a mechanism for aeration and uses a four-stage filtration system that includes a fluidized bed biological filter and single-canister charcoal filter. Wastewater first flows through a Dacron pad mechanical filter, trapping particles greater than 10 µm, and then through the fluidized bed biological filter. The fluidized bed biological filters are composed of a fine medium that provides a large surface area on which hundreds of different types of beneficial bacteria can grow. This ensures a biologically stable ecology in the tank system that has undetectable levels of ammonia and nitrites. Each tank has an individual temperature-and light-control system that can be set to manually or automatically manipulate the temperature and the light/dark cycle in the lamprey rack. Each also has an automatic water-exchange system that can be programmed to perform the daily change-out of water conditioned to the proper pH and salinity levels. In our laboratory, sea lampreys are held under conditions that mimic their natural cycle until they reach the spermiated/ovulating phase, when they are used for artificial fertilization.
RELATED SPECIES
Thirty-eight lamprey species have been described; four species inhabit the southern hemisphere and have been placed into the families Geotriidae and Mordaciidae, whereas the 34 remaining species are all from the northern hemisphere and have been assigned to six genera that are grouped together into one family, Petromyzontidae (Hubbs and Potter 1971) . The phylogenetic relationships among the various lamprey genera have not yet been adequately resolved, but molecular phylogenetic analyses indicate that lampreys are paraphyletic in origin.
Three lamprey species, P. marinus, Lampetra (Lethenteron) japonica, and L. fluviatilis (European river lamprey), have historically been the "stars" of lamprey research; they remain, to this day, the preferred lamprey research models. These lampreys are relatively large, produce huge quantities of eggs, are widely distributed, and are easy to capture when they migrate into freshwater streams at the start of the breeding season. L. japonica is used by Japanese researchers; L. fluviatilis is studied in Europe; and P. marinus, the focus of this chapter, is a preferred model in European and North American labs. All of the techniques for laboratory maintenance, embryo culture, and embryo manipulation described here are applicable to all three species, although a different embryo culture medium (10% Steinberg's solution) has been used successfully with L. japonica embryos (Horigome et al. 1999 ).
USES OF THE P. MARINUS MODEL SYSTEM
The sea lamprey has been studied since the mid-19th century. At that time, lampreys were thought to be either primitive, degenerate vertebrates or direct ancestors of modern vertebrates. As a consequence, many of the first studies focused on comparing the morphology of the adult lampreys to that of higher vertebrates in an attempt to clarify the taxonomic position of this animal group (Huxley 1876) . Adult lampreys used in these studies were wild-caught; the first attempt to maintain lamprey larvae in captivity was reported in 1900 (Reese 1900). Techniques for spawning, in vitro fertilization, and short-term maintenance of lamprey were first established in related species from the genus Lampetra, which allowed for a detailed analysis of early embryonic development to be performed in this species (Damas 1944) . The embryonic development of P. marinus was first described by George Piavis (Piavis 1961 (Piavis , 1971 ; his developmental staging system is still widely used. More recently, Tahara (1988) described developmental stages for Lampetra reissneri and correlated them with Piavis stages, creating the developmental table that is probably the most commonly used today.
With the advent of modern molecular techniques, lamprey became one of the most important research models for understanding vertebrate origins (for review, see Kuratani et al. 2002; Osorio and Retaux 2008) . Lampreys, together with hagfish, are the most basal animals in which many of the true vertebrate characteristics (e.g., neural crest, placodes, segmented brain, skull, paired sensory organs, pharyngeal skeleton) are present. By studying the molecular and developmental mechanisms responsible for the formation of these structures in lamprey and higher vertebrates, we can gain insight into how these vertebrate characteristics evolved.
Here, we concentrate on the aspects of lamprey biology that are most relevant to developmental and evolutionary biology. Readers interested in a more comprehensive description of lamprey physiology, morphology, behavior, and ecology may refer to The Biology of Lampreys (Hardisty and Potter 1971a,b; 1971 -1982 .
Embryonic Development
An excellent description of sea lamprey development was provided by Piavis (1971) , who divided the embryonic developmental pattern into 18 stages-from fertilized egg to ammocoete-based on easily discernable external characteristics. Cleavage is holoblastic; animal blastomeres are visibly smaller than vegetal blastomeres. Gastrulation (Piavis stage 9 or 64-100 hours postfertilization [hpf]) occurs by a mechanism that is very similar to that of Xenopus gastrulation, and the first signs of neural plate formation are seen at 4.5 days of development, with the thickened layer of the neural ectoderm on the dorsal aspect of the embryo and the flattened neural plate border clearly distinguishable from the surrounding ectoderm. The raised edges of the neural plate fuse to form a solid neural rod that later cavitates to form a hollow neural tube. The embryos begin to move inside their chorions by days 9-10 (Piavis stage 13). On day 11 (Piavis stages 13-14), they hatch, their hearts start to beat, and gill clefts form and start to function by day 17 (Piavis stage 15). Eye development in the lamprey proceeds in a unique fashion: The formation of the eye primordium, with an undifferentiated retina and lens, is accomplished during embryonic life (days 17-20; Piavis stages 15-16), but the growth of the eye and the maturation of the retinal receptors arrest during the long larval life and resume only after metamorphosis (Rubinson 1990) .
Lamprey is one of the slowest-developing vertebrates, and its embryos develop abnormally and often arrest in development at temperatures even slightly below the optimal temperature of 18°C. Thus, the pace of their development cannot be adjusted by modulating the rearing temperature.
Immunology
It has been known since the mid-20th century that lampreys possess an efficient adaptive immune system (for review, see Cooper and Alder 2006) ; they demonstrate accelerated rejection of secondary skin allografts and increased agglutination after repeated immunization with particulate antigens (e.g., anthrax bacteria, sheep blood cells). Interestingly, lampreys do not appear to respond to soluble antigens. Despite the presence of lymphocytes and the obvious ability to mount an immune response, lampreys do not possess either immunoglobulin-type or T-cell receptors, which are the hallmark of the adaptive immune systems of higher vertebrates. Instead, lampreys rely on a completely different type of variable lymphocyte receptor (VLR) that is composed of a highly variable leucine-rich repeat (LRR) and a stalk segment of conserved sequence that connects the VLR to the surface of the lymphocyte (Pancer et al. 2004) . Like the vertebrate immunoglobulin-type receptors, diverse VLRs are generated in lymphocytes by genome recombination. A combination of variable gene segments, including many LRRs, is assembled into a VLR, and the intervening genomic sequence is permanently excised from the genome of that lymphocyte lineage (Nagawa et al. 2007 ). Vast numbers of lymphocyte receptors, rivaling the diversity of the mammalian immune repertoire, are produced in this way (Alder et al. 2005 ).
Lampreys do not possess an anatomical equivalent of the mammalian thymus. In ammocoetes, blood cell formation and lymphocyte maturation occur in the typhlosole (an invagination of the intestinal epithelium) and the nephric fold (Amemiya et al. 2007 ). In adult lampreys, lymphocyte formation occurs in the gills and the ventral kidney.
Phylogeny
Phylogenetic relationships among the lampreys, hagfishes, and gnathostomes have been the subject of many molecular analyses, and the current consensus, based on molecular analyses of ribosomal RNA and nuclear genes, is that the lampreys and hagfishes form a monophyletic sister group to the craniates (Stock and Whitt 1992; Takezaki et al. 2003) . The 38 currently recognized species of extant lampreys are considered to be paraphyletic in origin and are grouped into three families on the basis of morphological characteristics, including dentition and the shape of the suctorial disc (Gill et al. 2003) . From an ecological perspective, lampreys can be divided into three groups on the basis of their feeding strategies as adults: anadromous lampreys, freshwater parasitic lampreys, and brook lampreys. Anadromous lampreys, which includes the two species most commonly used for research (P. marinus and L. japonica), spend their adult lives in saltwater habitats, feeding on the blood of marine fish. Parasitic freshwater species spend their entire lives in the streams and rivers in which they hatch and, due to the more limited food supply, they tend to be smaller than their anadromous relatives and have a shorter adult stage. Twenty of the extant lamprey species are dwarf, nonparasitic brook lampreys, which never feed after metamorphosis. The brook lampreys most likely evolved from parasitic freshwater ancestors by delaying metamorphosis and shortening the adult stage (Hardisty and Potter 1971a) .
GENETICS, GENOMICS, AND ASSOCIATED RESOURCES
The sequencing of the 2.1-2.4-Gb genome of Petromyzon marinus, financed by the National Human Genome Research Institute (NHGRI), is well under way, and the project aims to produce a high-quality assembly. So far, the genome has been sequenced to 5.9x whole-genome coverage, and the current assembly primarily consists of whole-genome, shotgun, plasmid-end sequences, with a small sampling (0.005x) of fosmid-end sequences. This assembly can be viewed and downloaded from the website maintained by Washington University in the St. Louis Genome Sequencing Center (http://genome.wustl.edu/genome.cgi?GENOME=Petromyzon%20marinus&SECTION= assemblies), and raw sequence data in NCBI's Trace Archive can be searched using BLAST (http://www.ncbi.nlm.nih.gov/BLAST/Blast.cgi?PAGE=Nucleotides&PROGRAM= ST_SPEC=TraceArchive&BLAST_PROGRAMS=megaBlast&PAGE_TYPE=BlastSearch).
A bacterial artificial chromosome (BAC) library using the genomic material of the specimen being sequenced was constructed, arrayed, and spotted onto nylon macroarray filters, which are available from BACPAC Resources, Children's Hospital Oakland Research Institute (Oakland, CA; http://bacpac.chori.org/library.php?id=199). Because initial studies indicated that the genome is A+T-rich and repetitive and that the heterozygosity rate for a single animal is very high, additional sequencing of BAC and fosmid ends is planned. Conventional expressed sequence tag (EST) sequencing of cDNA libraries is also under way; this should help with gene annotation and will provide clones of interest for the community. Because the sequencing project is ongoing, the quality of the assembly should improve and the number of partially or fully sequenced cDNA clones from different stages and tissue-specific libraries will increase.
TECHNICAL APPROACHES
The following protocols describe some basic techniques for culturing and studying lamprey embryos in the laboratory.
Protocol 1 Culturing Lamprey Embryos
This protocol describes how to produce lamprey embryos by collecting sperm and eggs from mature lamprey, performing fertilization, and culturing the embryos through to the desired developmental stage. The embryos produced in this protocol can be used for all of the investigative procedures described in Protocols 2-5.
MATERIALS
The recipe for the item marked with <R> is on page 427.
Reagents
H 2 O, distilled and spring (Sparkletts) (both equilibrated to 18°C) Lampreys (mature spermiating males and ovulating females)
Obtain lampreys and maintain actively spermiating males (Fig. 1A) and ovulating females (Fig. 1B (Fig. 1C) . Deposit the eggs into a crystallization dish containing approximately 250-350 ml of spring H 2 O. Obtain sperm from spermiating males using the same technique.
Mature females (Fig. 1B) can be distinguished from immature specimens by their distended soft abdomen and the absence of a dorsal ridge, whereas mature males (Fig. 1A) have a very thick, prominent, raised dorsal ridge (Vladykov 1949) . See Troubleshooting.
2. To fertilize the eggs, add the sperm to the crystallization dish, swirl the solution of sperm and eggs several times, and allow the dish to stand for at least 15 minutes.
To allow cortical rotation to occur normally, it is important to avoid moving the dish with fertilized eggs too much immediately after adding sperm. The success of fertilization can be monitored by observing the fraction of eggs whose fertilization envelopes lift.
3. Wash out the excess sperm with four changes of distilled H 2 O. Do so gently to avoid introducing air bubbles.
Air bubbles adhere to the membranes of the eggs, causing the eggs to float and the embryos to be lost during the washes.
4.
Replace the distilled H 2 O with fresh spring H 2 O and incubate the embryos at 18°C until the first cell division is under way, which normally takes about 6-6.5 hours.
See Troubleshooting.
5. Before cleavage (within 10 hours of fertilization), replace the spring water with sterile 0.1x MMR.
MMR contains CaCl 2 . Cleaving embryos require Ca 2+ in order to form intercellular junctions and will die if left in spring H 2 O for more than 10 hours.
6. Incubate the embryos in the incubator until the desired developmental stage is reached. On a daily basis, inspect the culture dishes, remove any dead or arrested embryos, and replace the 0.1x MMR. To avoid fungal infections and massive embryonic death, carefully maintain the embryos in sterile, nonconfluent conditions. After the third day of incubation, ensure that the embryos are spread over the dish such that every embryo is at least 1 cm away from its neighbors. Leave the embryos undisturbed until day 4.5.
TROUBLESHOOTING
Problem (Step 1):
Females do not release eggs easily or blood is present during the extraction procedure. Solution: The females have not yet matured. Allow them to develop for another 2-4 days at 18-19°C before attempting to extract eggs again.
Problem (
Step 4 or 6): Abnormal cleavage or arrested embryonic development. Solution: Consider the following:
• Abnormal cleavage and arrested development are evidence of polyspermy, so avoid using too much sperm, especially in June or early July. The quality of sperm progressively decreases throughout the mating season. In August, use sperm from several males in order to ensure complete fertilization.
• Ensure the highest egg quality by obtaining immature female lampreys and allowing them to develop for 2-3 weeks before extracting their eggs. Do not use older females that are already ovulating.
• Wash the eggs extensively after fertilization (Step 3).
• Ensure that the incubator temperature does not fluctuate from 18°C.
Step 6): Embryos do not survive past days 4-5 of development. Solution: Disturbing or moving embryos between days 3-5 of incubation can result in massive embryonic death. On day 3, be sure that each embryo is at least 1 cm away from its neighbors, and leave it undisturbed until gastrulation is completed (day 4.5). During this vulnerable stage, embryos can be raised individually in 48-well plates.
Problem (Step 6):
Embryos cleave and gastrulate normally, but show slowed development at later stages (i.e., the head does not begin to form by day 5). Solution: Ensure that spermiating males and ovulating females are not exposed to temperatures below 10°C. Lower temperatures seem to affect the viability of the eggs.
Lamprey embryos are particularly amenable to injection techniques. They have the same advantages as both zebrafish and Xenopus embryos in that, due to their double chorion, they are not prone to surface-tension-induced explosion when removed from liquid and can therefore be injected in a dry dish. This eliminates the need to support the embryo while performing injections, making the procedure very rapid. Also, a single ovulating female may contain up to 100,000 eggs, so the numbers of injectable embryos per fertilization is not a limiting factor, which is a great advantage over Xenopus and zebrafish. Finally, the second division lasts for several hours, providing a very large injection window. This protocol describes how to microinject RNA and morpholinos into lamprey embryos using previously described techniques (McCauley and Bronner-Fraser 2006; Sauka-Spengler et al. 2007 ).
MATERIALS
CAUTION: See the Cautions Appendix for appropriate handling of materials marked with <!>.
Reagents
Lamprey embryos (at the two-cell stage; see Protocol 1) 0.1x MMR, equilibrated to 18°C <R> Morpholino oligos (FITC <!> labeled; e.g., Gene Tools) Sense RNA (100 µg/µl) Fig. 2A) into an injection dish. Choose viable embryos that are cleaving normally; avoid those that are not dividing or are dividing irregularly.
2. Remove the liquid from the dish and allow the embryos to settle into the holes in the mesh.
3. Back-fill the glass needle with 6-10 µl of morpholino (or sense RNA) solution. For each twocell-stage embryo, inject about 5 nl into one blastomere. Use the dissecting microscope to aid in visualization. 4. Incubate the injected embryos at 18°C in 0.1x MMR until the desired developmental stage is reached.
See Protocol 1 for general information on culturing lamprey embryos.
5.
When the embryos reach the desired stage of development, use the fluorescent microscope to select those that integrated the morpholino on one side only (Fig. 2B) .
TROUBLESHOOTING
Problem (Step 3):
The injection needle is blocked. Solution: Clean or replace the needle. The morpholino solution and egg cytoplasm have a tendency to block the needle, so it should be checked regularly and cleaned or replaced as necessary.
Problem (Step 5):
The injected agent leaks into the noninjected side of the embryo. Solution: Leakage occurs when two-cell-stage embryos are injected because, in lamprey, the first cell division is not completed until the middle of the second cell division. To avoid leakage, either (1) inject two blastomeres at the four-cell stage or (2) inject during the middle of the second cell division. If you choose the latter, perform the injection at the end of the dividing blastomere, opposite the furrowing site, to ensure an even distribution of the injected agent throughout the dividing cell. This approach will necessarily narrow the injection time window. 
DiI Cell Labeling in Lamprey Embryos
This protocol describes how to label lamprey embryo cells by microinjecting the fluorescent dye DiI (1,1′-dioctadecyl-3,3,3′,3′-tetramethylindocarbocyanine perchlorate) to study cell fate during development. It was adapted from McCauley and Bonner-Fraser (2003) .
MATERIALS
The recipes for the items marked with <R> are on page 427. 2. Place the dechorionated embryos into 1-mm depressions in the agarose-coated Petri dishes.
3. Back-fill the glass electrodes with the DiI solution. Using the picospritzer, inject a single bolus under the ectoderm to label a discrete region of the embryo (e.g., the dorsal neural tube).
Protocol 3 415 4. View the injected embryos under a fluorescence microscope to confirm that the labeling is confined to a single discrete location.
5.
Transfer the embryos to Petri dishes containing 1x MMR. Incubate the dishes at 18°C until they reach the desired stage of development.
6. Once the embryos have reached the desired age, replace the 1x MMR with 4% paraformaldehyde and incubate for 1-2 hours at room temperature to fix the tissue.
7.
Rinse the embryos thoroughly with room-temperature 1x PBS to remove the fixative.
8. Examine the embryos under the fluorescence microscope to observe the final destinations of the labeled cells (e.g., the neural crest cells).
To determine the location of the labeled cells with greater accuracy, the embryos can be embedded in 5% agarose and sectioned with a vibratome.
Whole-mount In Situ Hybridization on Lamprey Embryos
This protocol describes an optimized procedure for RNA in situ hybridization in lamprey embryos. It is based on the protocol previously described by Sauka-Spengler et al. (2007) .
MATERIALS
The recipes for the items marked with <R> begin on page 425. 
PBST-DEPC <R>
In addition, prepare three separate solutions of 50, and 75% methanol. Postfix solution <R> RNA probe (DIG labeled; final concentration 2-4 µg/ml) 8. Rinse the embryos three times for 5 minutes each with PBST-DEPC.
9. Treat the embryos with 14-22 µg/ml proteinase K in PBST-DEPC at room temperature. Incubation time depends on the age of the embryo:
• For 4.5-day embryos and younger, incubate for 5 minutes.
• For 4.5-6-day embryos, incubate for 7-8 minutes.
• For 6-day and older embryos, incubate for 9-10 minutes.
The proteinase K treatment makes the embryos very fragile, so they should not be agitated until they are refixed. Therefore, do not use the nutator from now until Step 11.
10. Replace the proteinase K solution with freshly prepared 2 mg/ml glycine. Incubate the embryos for 10 minutes.
11. Rinse the embryos twice for 5 minutes each with PBST-DEPC.
12. Incubate the embryos in postfix solution for 20 minutes with mixing on the nutator.
13. Rinse the embryos four times for 5 minutes each with PBST-DEPC.
14. Wash the embryos two or three times for 10 minutes each with hybridization mix.
At this point, the embryos can be stored indefinitely at -20°C in hybridization mix.
Prehybridization and Hybridization
15. Add fresh hybridization mix to the embryos and prehybridize by incubating for at least 3 hours at 70°C in the hybridization oven.
16. Add fresh, prewarmed (70°C) hybridization mix containing 1-10 µl/ml labeled RNA probe. To hybridize the probe, incubate the embryos overnight (or for at least 16 hours) at 70°C in the hybridization oven with agitation on the nutator.
Posthybridization Washes
17. Remove the hybridization mix containing the probe and store it at -20°C for reuse.
Probes can be reused five to eight times.
18. Using prewarmed (70°C) hybridization mix, wash the embryos in the 70°C hybridization oven as follows:
Twice for 15 minutes each (change the hybridization mix after each wash) Four times for 30-45 minutes each (change the hybridization mix after each wash)
19. Wash the embryos with hybridization mix:MABT (1:1) for 30 minutes in the 70°C hybridization oven.
20. Wash the embryos four times with MABT for 30 minutes each at room temperature.
Blocking and Color Development 21. Block the embryos in blocking solution for 1 hour at room temperature.
22.
Add the diluted anti-DIG-alkaline phosphatase antibody solution to the embryos and shake on the nutator overnight at 4°C.
Wash the embryos with MABT as follows:
Twice for 5 minutes each at room temperature Eight times for 30-60 minutes each at room temperature Overnight at 4°C
24. Wash the embryos four times with NTMT for 15 minutes each at room temperature.
25. Incubate the embryos in color development solution in the dark (e.g., by covering in aluminum foil) for 1-72 hours. (Trinh et al. 2007 
Gelatin Embedding and Sectioning
1. Cryoprotect the lamprey embryos by incubating them in 5% sucrose for 5-6 hours at room temperature and then 15% sucrose for 5-6 hours at room temperature or overnight at 4°C.
2. Incubate the embryos in prewarmed 20% gelatin for 4-7 hours at 37°C.
3. Embed lamprey embryos in the desired orientation in 20% gelatin as follows:
i. Prepare the mold by filling it halfway with 20% gelatin and allow it to stand for 1-2 minutes to create a solid gelatin "cushion."
ii. Place the embryo in liquid 20% gelatin on top of the "cushion" and adjust the position of the embryo quickly using a hot dissection needle. Allow the gelatin to set for 5-10 minutes.
iii. Immerse the entire mold into liquid nitrogen.
iv. Store the blocks at -80°C.
4. Make 10-14-µm sections of the blocks using a cryostat and mount the sections on Superfrost plus slides.
Store the slides at -20°C.
When the slides are taken out of -20°C storage, allow them to warm to room temperature before using.
Fixation and Blocking 6. Prepare whole-mount embryos or embryo sections for immunostaining as follows.
To Prepare Whole-mount Embryos
i. Transfer embryos into 2-ml microcentrifuge tubes (up to 20 embryos per tube). Fix the embryos in MEMFA for 1 hour.
ii. Wash the embryos in PBST-DEPC for 15 minutes. Discard the solution. Repeat this step three more times.
iii. Wash the embryos for 15 minutes in each of the following four solutions:
PBST-DEPC containing 25% methanol PBST-DEPC containing 50% methanol PBST-DEPC containing 75% methanol 100% methanol iv. Rinse the embryos several times in methanol.
At this point, embryos can be stored for up to several years at -20°C.
v. To block endogenous peroxidase activity, treat the embryos with 0.5% H 2 O 2 in PBST for 1 hour at room temperature.
vi. Wash the embryos in PBST three times for 15 minutes each.
vii. To block nonspecific proteins, incubate the embryos in 10% donkey serum in PBST for 1 hour at room temperature.
To Prepare Embryo Sections
i. Incubate the slides containing sectioned embryos in preheated (42°C) 1x PBS for 10 minutes in the 42°C water bath to remove the gelatin.
ii. Wash once for 10 minutes in 1x PBS and then twice for 10 minutes each in PBST.
iii. To block endogenous peroxidase activity, treat the slides with 0.5% H 2 O 2 in PBST for 30 minutes at room temperature.
iv. Permeablize the cells by incubating the slides in 0.2% Triton X-100 for 5 minutes then rinse three times in 1x PBS.
v. Incubate the embryos in 5% donkey serum in PBST for 1 hour at room temperature.
Antibody Binding
7. Incubate the embryos or sections in the antibody raised to the protein of interest overnight at 4°C.
8. Wash the antibody from the samples as follows:
• For whole-mount embryos, wash five to eight times with PBST for 1 hour each. Then incubate overnight in PBST at 4°C.
• For sections, wash twice with PBS for 10 minutes each. Then wash twice with PBST for 10 minutes each.
9. Incubate the samples in HRP-conjugated goat-antirabbit antibody for 4 hours (for wholemount embryos) or 2 hours (for sections) at room temperature.
Remove unbound antibodies as follows:
• For whole-mount embryos, rinse five times in PBST. Then wash overnight in PBST at 4°C.
• For sections, wash twice in PBS for 10 minutes each. Then wash twice with PBST for 10 minutes each.
Color Development 11. Add 10 ml of DAB solution to the embryos in a 15-ml plastic centrifuge tube.
If using embryo sections, skip
Step 12 and proceed to Step 13 to allow the DAB to penetrate.
12. For whole-mount embryos, incubate for 30 minutes at room temperature. 14. When sufficient color formation has occurred, stop the reaction by washing whole-mount embryos in several changes of PBST or by dipping embryo section slides several times in a 1-liter beaker containing distilled H 2 O.
15. Postfix whole-mount embryos and sections in 4% paraformaldehyde for 20-30 minutes at room temperature.
16. Prepare the stained samples for photographing.
To Prepare Stained Whole-mount Embryos
i. Rinse three-four times for 5 minutes each in PBST
ii. Process through glycerol/PBST series: 25%, 50%, 75%.
iii. Photograph in 75% glycerol.
Whole-mount embryos can be processed to gelatin and sectioned as described on page 422.
To Prepare Stained Embryo Sections
i. Dehydrate the slides.
ii. Mount slides in Eukitt.
iii. View and photograph. 
